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The last several decades have been characterized by
a steady increase in biospheric pollution by diverse aro-
matic xenobiotics (haloaromatic pesticides, polycyclic
aromatic compounds, chlorinated biphenyls, dioxins,
etc.). Microorganisms capable of detoxifying these pol-
lutants under natural conditions are of particular inter-
est in this connection. In recent years, preferential
attention has focused on the role of soil bacteria in deg-
radation of stable aromatic xenobiotics. Fungi also have
significant potential for degradation of aromatic com-
pounds, although the underlying mechanisms are not
necessarily transparent in every case. It is generally
held that such degrader activity of fungi is based on
their ability to metabolize vegetable substrates. This
applies primarily to basidiomycetes, causative agents
of white rot, which are the most efficient degraders of
lignin (a reticular phenylpropanoid polymer of irregu-
lar structure) [1–6]. However, the ability to degrade
xenobiotics is not limited to basidiomycetes; it is also
found in other xylotrophs (e.g., those causing brown rot
and soft rot), as well as in a broad range of soil mycelial
fungi [1].

This review provides a state-of-the-art analysis of
the problem of fungal transformation of aromatic com-
pounds.
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 AAO, aryl alcohol oxidase; ABTS, 2,2-azino-
bis-(3-ethylbenzothiazoline-6-sulfonate); ADD, aryl aldehyde
dehydrogenase; ALD, aryl alcohol dehydrogenase; VA, veratryl
alcohol; DMB, dimethoxybenzene; DMBQ, dimethoxybenzo-
quinone; DMH, dimethoxyhydroquinone; CDMB, 2-chloro-1,4-
dimethoxybenzene; DCDMB, 2,6-dichloro-1,4-dimethoxyben-
zene; LP, lignin peroxidase; Mn-P, manganese peroxidase; HAA,
3-hydroxyanthranylic acid; SOD, superoxide dismutase; TCHQ,
tetrachloro-1,4-hydroquinone; CDH, cellobiose dehydrogenase;
CA, cinnabarinic acid; PAL, phenylalanine ammonia lyase.

 

XYLOTROPHS: CAUSATIVE AGENTS 
OF WHITE ROT

 

Extracellular enzymes.

 

 

 

Lignin is degraded by fungi
of diverse taxonomic groups, ascomycetes in particular
[1–3], but basidiomycetes are the most efficient in this
respect.

These fungi produce several types of redox
enzymes, described below.

Heme-containing peroxidases: lignin peroxidases
(LPs; EC 1.11.1.14), manganese peroxidases (Mn-Ps;
EC 1.11.1.13), and peroxidases with a broad spectrum of
specificities (EC 1.11.1.7). Flavine oxidases: glucose oxi-
dases (EC 1.1.3.4); pyranose-2-oxidases (EC 1.1.3.10);
methanol oxidases (EC 1.1.3.13); and aryl alcohol oxi-
dases (AAOs; EC 1.1.3.7), which reduce dissolved oxy-
gen to peroxide and, at the same time, oxidize hydroxyls
of appropriate substrates to carbonyls. Cellobiose dehy-
drogenases (CDHs; EC 1.1.99.18): flavohemoproteins
that reduce phenoxy radicals and cation-radicals, ferric
ions, or quinones and, at the same time, oxidize cellobiose
to cellobionolactone. Copper-containing oxidases: lacca-
ses (EC 1.10.3.2), which reduce dissolved oxygen to water
and, at the same time, oxidize phenolic and non-phenolic
substrates with the formation of quinones or phenoxy rad-
icals and cation radicals, and glyoxal oxidase and galac-
tose oxidase (EC 1.1.3.9), which reduce oxygen to hydro-
gen peroxide and, at the same time, oxidize an appropriate
alcohol or aldehyde group [1, 4].

In addition to lignin-degrading enzymes, these fungi
produce systems of hydrolases cleaving pectin, hemi-
celluloses, and cellulose; such hydrolytic systems com-
prise two types of CDHs (EC 3.2.1.91) and a set of
endoglucanases (EC 3.2.1.4), xylanases (EC 3.2.1.8,
3.2.1.37, and 3.2.1.72), mannanases (EC 3.2.1.78 and
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Abstract

 

—The review deals with transformation of natural and synthetic aromatic compounds by fungi (caus-
ative agents of white rot, brown rot, and soft rot, as well as soil filamentous fungi). Major enzyme types involved
in the transformation of lignin and aromatic xenobiotics are discussed, with emphasis on activity regulation
under the conditions of secondary metabolism and oxidative stress. Coupling of systems degrading polysaccha-
rides and lignin and non-phenolic lignin structures (without the involvement of lignin peroxidase) is analyzed,
together with nonenzymatic mechanisms involving lipoperoxide free radicals, cation radicals, quinoid media-
tors, or transition metal ions. Metabolic pathways resulting in the formation of aromatic and haloaromatic com-
pounds in fungi are described. Consideration is given to the mechanisms of fungal adaptation to aromatic xeno-
biotics.
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3.2.1.100), glycosidases (EC 3.2.1.20–3.2.1.25,
3.2.1.40, 3.2.1.51, and 3.2.1.55), acetylxylanases, and fer-
uloylesterases, which ensure consequential and complete
degradation of the polysaccharide moiety of wood [5].

Naturally occurring strains of white rot fungi are
characterized by coupled degradation of all wood com-
ponents, but this process does not necessarily require
the presence of CDH and cellulases. Laccase is a man-
datory enzyme, since laccase-deficient mutants com-
pletely lose the ability to degrade lignin [6]. Polysac-
charides do not constitute a barrier to ligninolysis.

Lignin-degrading enzymes are believed to act at the
surface of hyphae contacting the cell wall. However,
degradation is not limited to contact areas; it also
occurs over the whole internal surface of the lumen (if
one or two hyphae are present there) and even in the
depth of the secondary wall.

Lignin is not metabolized completely, and some part
of it undergoes conversion into condensed products. In
model experiments, laccase-catalyzed ligninolysis
resulted in the formation of biphenyl structures. The con-
densing activity of laccase was also demonstrated in a cul-
ture of oyster mushrooms grown on lignosulfonate [1].

In addition, there are nonenzymatic mechanisms of
ligninolysis, involving (a) the system ferrous ions–
hydrogen peroxide (the so-called Fenton reagent);
(b) complexes of transition metal ions; (c) peroxide,
lipoperoxide, and superoxide radicals; and (d) endoge-
nous redox mediators transporting redox equivalents
between the hypha and the matrix of lignin.

Thus, ligninolytic fungi are equipped with enzymes
effecting thorough transformation of aromatic struc-
tures. Of major importance are LPs, Mn-Ps, and lacca-
ses, capable of effecting both direct and mediator-aided
oxidation of non-phenolic structures. However, the
changes in the structure of the substrate are not limited
to the effects of these enzymes.

 

Regulation of activity of lignin-degrading enzymes
under the conditions of secondary metabolism.

 

 During
the stage of secondary metabolism, including in the
absence of the natural substrate, many xylotrophs syn-
thesize odoriferous aromatic compounds [7–11]. The
diversity and total amount of such aromatic metabolites
depend on the type of the fungus and the spectrum of
enzymes it produces. The compounds in question are
formed in fungi that cause both brown (destructive) rot
and white (corrosive) rot. Only in white rot fungi, how-
ever, did the need for secondary metabolism of endog-
enous aromatic compounds lay the groundwork for an
adaptive mechanism whereby the trophic base was
extended through lignin utilization.

White rot fungi synthesize lignin-degrading
enzymes when grown on media not necessarily requir-
ing natural lignin-containing substrates. In the absence
of a cosubstrate, fungi are incapable of using lignin as
a sole source of carbon and energy. As a rule, the for-
mation of lignin-degrading enzymes does not coincide
with the synthesis of polysaccharide hydrolases (the

activity of the latter attains its maximum during tro-
phophase).

The formation of multiple forms of LP, Mn-P, and
laccase is a common characteristic of ligninolytic
fungi, such as 

 

Phanerochaete chrysosporium

 

. The
change in the spectrum of these enzymes and the
decrease in the activity of LP observed at the stage of
idiophase in 

 

P. chrysosporium 

 

are partly due to pro-
teolytic degradation [12]. Both extra- and intracellular
proteases are involved in the regulation of laccases and
nonspecific peroxidases in 

 

Trametes versicolor

 

 during
the switch from primary growth (trophophase) to sec-
ondary growth (idiophase) under the conditions of
nitrogen or carbon starvation [13].

During static culturing of 

 

P. chrysosporium

 

 in a
medium with glucose, the attainment of maximum lig-
nin degrader activity falls behind biomass accumula-
tion (the completion of which coincides with exhaus-
tion of the source of nitrogen). This maximum is
observed with the onset of idiophase, which is charac-
terized by the formation of veratryl alcohol (VA). Ver-
atrole may be of key importance for the synthesis and
function of LP (as its endogenous inducer, stabilizer,
and mediator). Still, this compound is a typical second-
ary metabolite of the fungus, which is not involved
directly in ligninolysis. Thus, processes of secondary
fungal metabolism, associated with deamination of aro-
matic amino acids under nitrogen deficiency, may
result in the formation of lignin-degrading enzymes
(and of LP first of all).

Aryl alcohol oxidase (AAO) is yet another enzyme
(in addition to LP) involved in the formation of hydrox-
ylated and methoxylated aromatic compounds in 

 

Bjer-
kandera adusta

 

 and 

 

Pleurotus eryngii

 

 [14, 15]. This
enzyme supplies the hydrogen peroxide required for LP
operation [15]. 

 

P. eryngii

 

 possesses an intracellular aryl
aldehyde dehydrogenase (ADD) and an aryl alcohol
dehydrogenase (ALD) [16]. An intracellular ALD has
also been isolated from 

 

P. chrysosporium

 

 [17]. Intra-
cellular metabolism of natural precursors of veratrole
accounts for both the intracellular location of LP in
many fungi and its release at the stage of mycelium
autolysis. It may be that LP was formed in evolution as
a means of detoxification of intracellular deamination
products of aromatic amino acids, e.g., under the con-
ditions of oxygen starvation (Fig. 1), and that the extra-
cellular function of lignin decomposition was acquired
subsequently.

The ratio of non-hydroxylated, hydroxylated, and
methoxylated benzoate derivatives may vary in fungi
of different species. Very possibly, it depends on the
degree of toxicity of certain aromatic metabolites to a
given fungal species. Thus, in the case of 

 

Ceriporiop-
sis subvermispora

 

 and 

 

Cyathus stercoreus

 

, the most
toxic aromatic compounds are benzaldehyde deriva-
tives. At concentrations below 1 mM, aromatic com-
pounds stimulated the growth of hyphae; within the
range 5–10 mM, the growth was either retarded or
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stopped. Detoxification of exogenous derivatives of
benzoic acid, cinnamic acid, and benzaldehyde
introduced into the culture of white rot fungi required
the involvement of lignin-degrading enzymes.
Monomethoxylated compounds are more toxic than
derivatives carrying two or more methoxy functions.
Of the two fungal species in question, 

 

C. stercoreus

 

(which produces more Mn-P) is considerably more
sensitive to such compounds than 

 

C. subvermispora

 

(which produces more laccase). Di- and trimethoxylated
compounds are more potent enzyme inducers than
their hydroxylated counterparts [18].

There is evidence suggesting that the mechanisms of
veratrole formation in fungi are not limited to phenylal-

anine deamination; alternative sources of this com-
pound include various phenylpropanoid compounds
and non-phenolic lignin structures. This may account
for the stimulation of lignin degrader activity observed
in fungi in the presence of lignin, its derivatives, and
certain model compounds [19].

Lignin is not an essential inducer of lignin-degrad-
ing enzymes. Products of fungal wood decay, such as

 

p

 

-hydroxycinnamic and ferulic acids, 

 

p

 

-hydroxybenz-
aldehyde, 

 

p

 

-hydroxybenzoate, vanillin, and vanillic
acid [20], may serve as precursors of veratrole and
other endogenous aromatic inducers stimulating the
synthesis of lignin-degrading enzymes.
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Fig. 1. 

 

Structural formulae of secondary metabolites of 

 

L

 

-phenylalanine in 

 

B. adusta

 

. The dashed line separates the schematic rep-
resentation of phenylalanine metabolism in

 

 P. chrysosporium

 

, which results in veratrole formation. Intermediates in brackets are
putative; enzymes in brackets are intracellular.

 

benzoate

dehyde
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The formation of haloaromatic (in addition to aro-
matic) metabolites is a characteristic feature of ligni-
nolytic fungi. Chlorinated 1,4-dimethoxybenzenes are
formed by diverse fungal species. 

 

Bjerkandera

 

 sp.
BOS55 produces not only veratrole, veratraldehyde,
and anisyl aldehyde, but also 3-chloro-anisyl aldehyde
and an unidentified aromatic compound carrying two
chlorine atoms. The latter metabolite has also been iden-
tified in 

 

B. adusta

 

, but not in 

 

P. chrysosporium

 

 [21].
Other chlorinated aromatic compounds found

among endogenous fungal metabolites include
2-chloro-1,4-dimethoxybenzene (CDMB), 2,6-
dichloro-1,4-dimethoxybenzene (DCDMB), tetra-
chloro-1,4-dimethoxybenzene (also known as droso-
philin A methyl ester), and tetrachloro-4-methoxyphe-
nol (drosophilin A) [22–25]. CDMB is a derivative of
1,4-dimethoxybenzene (DMB), formed de novo by
smoky bracket (

 

B. adusta

 

) and wood blewit (

 

Lepista
nuda

 

) [26]. In the metabolism of aromatic compounds,
CDMB serves as a mediator of LP-catalyzed anisole
oxidation to anise aldehyde [27, 28].

 

Effects of oxidative stress.

 

 Stimulation of ligninases
by nitrogen deficiency is not a general rule. In 

 

Pleuro-
tus ostreatus

 

 and 

 

Lentinus edodes

 

, this activity is found
in a medium with high nitrogen content. In 

 

Coriolopsis
gallica

 

 and 

 

Bjerkandera adusta

 

, nitrogen-rich bran-
containing medium stimulates the formation of LP,
Mn-P, veratryl alcohol oxidase, and laccase to a greater
extent than the inducer of laccase activity 2,5-xylidine
or a mixture of LP and Mn-P inducers (VA plus Mn
ions) [29]. Secondary metabolism and synthesis of
ligninases in 

 

Phanerochaete chrysosporium

 

 may be
induced by limiting the sources of carbon and sulfur.
Substitution of pure oxygen for air increases two- to
threefold ligninase activity of a static culture of

 

P. chrysosporium

 

, grown without shaking.
The majority of isoforms of LP, Mn-P, and laccase

are individual proteins encoded by distinct structural
genes. The number of isoforms and their types strongly
depend on the conditions of 

 

P. chrysosporium

 

 cultur-
ing. Increasing the concentration of Mn

 

2+

 

 in the
medium switches the synthetic activity of fungal cul-
tures (

 

P. chrysosporium

 

, 

 

P. flavido alba

 

, 

 

P. magnoliae

 

,

 

Phlebia radiata

 

, 

 

Ph. tremellosa

 

, 

 

Ph. subseralis

 

, 

 

Lenti-
nus edodes

 

, and 

 

Phellinus pini

 

) from LP to Mn-P [30].
When grown under the conditions of nitrogen limi-

tation, 

 

Phanerochaete laevis (a species closely related
to P. chrysosporium) exhibits a high activity of Mn-P,
which is regulated by the level of Mn2+ in the medium.
Laccase activity is also detected in such media; what-
ever the levels of Mn2+, however, attempts to register
LP activity do not meet with success [31].

In certain fungi (e.g., P. tigrinus, P. eryngii, and
Bjerkandera spp.), a single enzyme combines the prop-
erties of LP and Mn-P [6, 32, 33]. Accordingly, its syn-
thesis is not suppressed by excess Mn2+.

Conflicting evidence regarding the effects on the
activity of fungi of (a) carbon and nitrogen sources and

(b) Mn2+ and oxygen concentrations in the culture
medium may be accounted for by the effects of these
factors on each other. The formation of ligninolytic oxi-
doreductases is viewed as a response of the fungi to oxi-
dative stress induced by conditions of culturing.

Static culturing on glucose under the conditions of
excess oxygen and nitrogen or carbon limitation was
considered for a long time as the only acceptable
method favoring the formation of LP in P. chrysospo-
rium [34, 35]. This view was questioned when the fun-
gus grown on media with cellulose replacing glucose
exhibited high activities of LP [36]. The culture grown
on glucose is believed to synthesize an extracellular
polysaccharide that takes up excess sugar from the
medium. The polysaccharide prevents LP induction by
restricting oxygen diffusion to the hyphae. These
effects do not take place when the fungus is grown on
cellulose.

When grown in oxygenated medium under the con-
ditions of glucose limitation (these two factors are nec-
essary for LP induction), P. chrysosporium loses the
cellular organization of its hyphae due to toxic effects
of excess oxygen. A similar loss of the ultrastructural
organization of the cells is noted when LP is formed in
cultures grown on cellulose-containing media under
shaking and normal aeration. In this case, the hyperox-
idated state of the cells may be caused by the rate of
carbon supply from cellulose, which is insufficient for
maintaining oxygen homeostasis. These findings sug-
gest that LP synthesis may be a response to oxidative
stress [37].

This understanding is supported by the observation
that mitochondria of P. chrysosporium cells lose succi-
nate dehydrogenase and cytochrome oxidase activities
when grown on glucose. In an atmosphere of pure oxy-
gen, the cells form LPs, which protect them from accu-
mulation of reactive oxygen species. Cells grown on
cellulose retain the normal function of mitochondria
and synthesize LPs without additional oxygenation. It
is believed that, in cells grown on cellulose, the func-
tion of mitochondria may be limited by the glucose sup-
ply, which in turn results in accumulation of reactive
oxygen species even in the absence of additional oxy-
genation [38].

High Mn2+ concentrations and oxygen deficiency
are known to decrease the rate of mineralization of syn-
thetic lignin by the fungus P. chrysosporium [39]. Mn2+

is capable of acting as an antioxidant and a scavenger
of free radicals generated in the Fenton reaction (Fe2+ +
H2O2) [40–42]. In addition, Mn2+ is a cofactor of
Mn-dependent SOD (Mn-SOD); by virtue of its ability
to convert superoxide radicals into the less dangerous
peroxide, this enzyme serves as a major factor of cell
defense against oxidative stress. Thus, the regulatory
role of Mn2+ in the formation of LPs may be accounted
for by the effect of Mn2+ on the level of oxygen radicals
in the fungus. The high level of oxygenation required
for LP formation in P. chrysosporium regardless of the
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content of nitrogen in the medium may be attained by
decreasing the level of Mn2+ in this medium. Under such
conditions, the activity of Mn-SOD is also inhibited [43].

Mester et al. [44] demonstrated that, in Bjerkandera
spp. and P. chrysosporium, Mn2+ deficiency stimulates
endogenous formation of VA and increases the content
of LP. The absence of Mn-SOD activity under the con-
ditions of Mn2+ deficiency and increasing concentration
of reactive oxygen species generated in the cells in
response to oxygenation requires that the formation of
alternative antioxidant enzymes be stimulated simulta-
neously. The observation that the level of LP increases
when other antioxidative enzymes (catalase and SOD)
are suppressed [45] suggested an antioxidant function
for LP.

Thus, the dependence of the synthesis of LP and
veratrole in P. chrysosporium on the level of glucose,
oxygen, and nitrogen consumption may be accounted
for by the ability of these factors to induce oxidative
stress. In the absence of Mn2+ and Mn-SOD, excess
superoxide radicals and peroxide formed in the culture
of the fungus stimulate the synthesis of LP, which effi-
ciently eliminates peroxide. When P. chrysosporium is
grown under nitrogen limitation, the activity of catalase
is also increased (by 5–10 times) [46].

Oxidative stress appears to regulate the transcription
of the gene encoding Mn-SOD [47]. However, the
mechanism of regulation is more complicated than in
the case of LP, because the expression of mnp genes in
diverse white rot fungi requires Mn2+, which is an
antioxidant and an inducer of Mn-SOD at the same
time [49].

Convincing evidence of regulation of other ligni-
nolytic enzymes by oxidative stress is not available.
Copper cations are known to stimulate fungal synthesis
of laccases, as well as the synthesis of Zn/Cu-SOD (the
situation is similar to that of Mn-P and Mn-SOD, the
synthesis of which is regulated by Mn2+). P. chrysospo-
rium synthesizes laccase when grown on nitrogen-rich
medium with cellulose (but not glucose) as the source
of carbon [50], and this is also similar to the case of LP
synthesis. Conversely, the synthesis of laccase attains
high levels in Ganoderma lucidum and Irpex lacteus
grown on nitrogen-rich medium in the presence of glu-
cose [51]. In G. lucidum, syringic acid and leaf lignin
(containing syringyl residues) are supplementary stim-
ulants of laccase production [52, 53].

The rate of mineralization of synthetic lignin in the
fungus Cyathis stercoreus is maximum in the presence
of 1 mM ammonium tartrate and 1% glucose, although
the activities of extracellular enzymes are low. In the
presence of 10 mM ammonium tartrate and 1% glu-
cose, the rate of mineralization in threefold lower,
whereas the levels of laccase and Mn-P are high. A
static, aerated culture forms more enzymes than its
counterpart grown under shaking [54].

As a rule, growth of ligninolytic fungi on nitrogen-
rich media also stimulates the synthesis of peroxidases

with a broad spectrum of specificities; an example of
such fungi is Phellinus iginarius [55].

Coupling of polysaccharide- and lignin-degrading
systems may be achieved via three metabolic pathways:
(1) carbohydrate catabolism (which ensures the viabil-
ity of fungi at the stage of secondary metabolism [56]);
(2) generation of H2O2 for LP and Mn-P by sugar oxi-
dases; and (3) low-molecular-weight mediator recovery
in the coupled system laccase (peroxidase)–cellobiose:
quinone oxidoreductase (CDH).

Soluble carbohydrates are formed by cellu-
lase/hemicellulase systems of xylotrophic fungi. In
Phanerochaete chrysosporium, the enzymes of this
group are very similar to those of the polysaccharide
hydrolase system of the white rot fungus Trichoderma
reesei [57]. Glucose oxidase and pyranose-2-oxidase,
synthesized by lignin degraders grown on glucose,
exemplify extracellular oxidoreductases that are cou-
pled to a cellulase–hemicellulase system and capable of
forming H2O2 [58]. In addition to these two extracellu-
lar enzymes, P. chrysosporium possesses mycelium-
associated systems generating H2O2 when the fungus is
grown on glucose under nitrogen deficiency [46].

Of particular interest among extracellular enzymes
involved in coupling cellulose and lignin catabolism is
CDH. This oxidase, found in all xylotrophs, is specific
for reducing sugars containing a 1,4-β-glycoside bond
(cellobiose and cellooligosaccharides, mannobiose and
mannooligosaccharides, and lactose), but not monosac-
charides or their oligomers with an α-glycoside bond
[59, 60]. The enzyme oxidizes the reducing residue of
a di- or oligosaccharide to the corresponding lactone
while oxidizing a two-electron or single-electron
acceptor. Quinones, phenoxy radicals, and cation radi-
cals (formed by laccases or peroxidases) or ions (Fe3+,
Cu2+, and Mn3+) are all capable of acting as such elec-
tron acceptors. Oxygen reduction to H2O2, characteris-
tic of other sugar oxidases, is not typical for CDH (even
though it may still take place).

Synthesis of CDH in P. chrysosporium is observed
when the fungus is grown on cellulose or wood. Syner-
gistic effects of CDH and Mn-P are due to the forma-
tion of Mn3+ [61]. CDH is not a unique enzyme of
P. chrysosporium (Sporotrichum pulverulentum); it has
also been found in Heterobasidion annosum [62],
Schizophyllum commune [63], T. versicolor [64], and
Pycnoporus cinnabarinus [65].

Pycnoporus cinnabarinus efficiently degrades lig-
nin; of note, laccase is the only extracellular oxidase of
this fungus. Laccase is also involved in the formation of
the characteristic orange-red phenoxazinone pigment,
cinnabarinic acid (CA). Its precursor is 3-hydroxyan-
thranylic acid (HAA), a tryptophan metabolite, which
is believed to act as a mediator in laccase-catalyzed
oxygenation of stable non-phenolic structures of lignin
[66]. It is generally held that CDH controls the ratio of
HAA and CA by reducing HAA oxidation intermedi-
ates (and thereby preventing their conversion to CA).



6

APPLIED BIOCHEMISTRY AND MICROBIOLOGY      Vol. 40      No. 1      2004

RABINOVICH et al.

CDH is responsible for suppression of CA formation in
P. cinnabarinus cultures grown on cellobiose or
cellulose.

HAA oxidation products are natural electron accep-
tors in CDH-catalyzed reactions that take place in
P. cinnabarinus. In the absence of cellulose, laccase
oxidizes HAA to the end product, CA. In the presence
of cellulose and/or cellodextrins, CDH reduces HAA
intermediates, thereby preventing CA accumulation
and maintaining the mediator at the level necessary for
ligninolysis. The cycle operates, and ligninolysis
remains coupled to cellulose degradation, while cellu-
lose or cellobiose is present in the system. Evidence in
support of this metabolic model comes from the obser-
vation that wood populated by P. cinnabarinus appears
as affected by a typical white rot. CA and other struc-
turally related phenoxazinone pigments are not accu-
mulated until the onset of formation of fruiting bodies.
It is not clear, however, which HAA intermediate is
involved as a mediator in the degradation of non-phe-
nolic lignin structures [65–68] (Fig. 2).

Degradation of non-phenolic lignin structures. Var-
ious mechanisms have been proposed for explanation
of oxidation of non-phenolic lignin structures by fungi
that involve Mn-P (or the hybrid LP/Mn-P) and laccase
[6]. LP is capable of oxidizing non-phenolic structures
of lignin directly; the cation radical intermediate
formed in the reaction cleaves ëα–ëβ bonds. The abil-
ity to synthesize this enzyme is far from being a com-
mon feature of all white rot fungi [4, 6]. Moreover,
recent data suggest that, for the majority of ligninolytic
fungi, the presence of an LP (such as the enzyme typi-
cal for P. chrysosporium) is an exception, rather than
the rule [6].

In addition to these enzymes, of importance to the
process of degradation of non-phenolic lignin struc-
tures are low-molecular-weight mediators, capable of
diffusion into the depth of the secondary wall, where
they start generating free radicals. Interaction of these
radicals with non-phenolic lignin structures facilitates
their cleavage. The process may occur at a considerable
distance from the hyphae, including locations beyond
the reach of the enzyme molecules [69]. Such low-
molecular-weight agents include lipoperoxides, sulfhy-
dryl agents, transition metal ions, reactive oxygen spe-
cies, and natural redox mediators with appropriate
redox potential values, which are capable of transfer-
ring oxidizing equivalents from the active center of the
enzyme to non-phenolic lignin structures [70].

Mn-P, which generates Mn3+, a powerful oxidizing
agent, may play a key role at the first stage of ligninol-
ysis by a variety of fungi. Mn3+ oxidizes certain non-
phenolic aromatic structures of lignin [71–76], as well
as oxalate (a metabolic product of other fungi), result-
ing in the formation of free radicals that reduce Fe3+ and
initiate reactions with the involvement of hydroxyl rad-
icals [77].

Mn-P is the major enzyme degrading wheat straw in
the basidiomycete Nematoloma frowardii. The fungus
mineralizes up to 75% of synthetic polymeric lignin
(8% is the corresponding value obtained in a cell-free
system containing Mn-P, Mn2+, H2O2, malate, and
fumarate) [78]. P. chrysosporium, Rigidoporus ligno-
sus, and Ceriporiopsis subvermispora produce multi-
ple forms of Mn-P when grown on wood or sawdust.
These isoforms, in addition to laccase, are major
enzymes in T. versicolor, Pleurotus spp., and Coriolop-
sis polyzona grown on wheat straw, particularly during
the early stage of cultivation [79–81].

In Phlebia radiata, the oxidation of linoleic acid
(the main polyunsaturated fatty acid component of lip-
ids in xylotrophic fungi) by Mn-P involves an H2O2-
activated lipoperoxide mechanism. Lipids also stimu-
late mineralization of 14C-labeled synthetic lignin and
14C-labeled wheat straw effected by Mn-P [82]. Mn3+

functions as a generator of lipid free radicals and hydro-
peroxides in the course of lignin degradation [83–85].
Diffusion of lipoperoxide free radicals into cell wall
areas that are not accessible to fungal hyphae makes it
possible to oxidize non-phenolic lignin structures
located there.

A mechanism of free radical generation not involv-
ing Mn-P [86] is believed to occur at the stage of
idiophase as a result of autolysis of mycelium [87].
Lipoxygenases released during this process catalyze
the formation of lipoperoxide free radicals from fatty
acid substrates of membrane phospholipids.

Laccases of ligninolytic fungi are also capable of
generating highly active free radicals. The functions of
laccase may not be limited to oxidation and degradation
of lignin structures with free phenolic groups [88]. The
mechanism of hydroxyl radical generation in the fun-
gus Pleurotus eryngii is based on the formation of
semiquinone intermediates during the oxidation of lig-
nin-derived hydroquinones by laccase [89]. Semi-
quinones cause nonenzymatic reduction of Fe3+ and
molecular oxygen, resulting in the formation of Fe2+

and superoxide, respectively. Decomposition of super-
oxide radicals makes H2O2 available. The resulting
hydroxyl radicals convert non-phenolic lignin struc-
tures into their phenolic counterparts, which can be fur-
ther cleaved by laccase.

The role of laccase in the oxidation of non-phenolic
lignin structures was studied by Leontievsky and col-
leagues [6, 90]. The data reported by these authors indi-
cate that certain lignin degraders contain low-molecu-
lar-weight mediators extending the functions of laccase
to cover activities that are conventionally ascribed to
LP (or the system Mn-P/Mn2+ when it operates in the
presence of agents generating free radicals).

Submerged cultivation of Panus tigrinus, Coriolus
versicolor, Phlebia radiata, or P. tremellosa on wheat
straw is associated with the formation of laccases that
have a characteristic blue color and specific ESR spec-
tra when purified (the so-called blue laccases).
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Attempts to isolate blue laccases from solid-phase cul-
tures of P. tigrinus, Ph. radiata, and Agaricus bisporus,
grown on the same substrate, failed. The enzymes iso-
lated in the latter case were yellowish brown in color
(the so-called yellow laccases), and their ESR spectra
differed from those of the blue laccases (of note, the N-
terminal sequence of each such enzyme was identical to
that of the blue counterpart isolated from the same fun-
gus). Blue laccases oxidized veratrole and model non-
phenolic lignin only in the presence of 2,2-azino-bis-
(3-ethylbenzothiazoline-6-sulfonate (ABTS), which
acted as a cation radical mediator, whereas yellow lac-
cases did not require any exogenous mediation. Thus,
solid-phase culturing of the laccase-type ligninolytic
fungi results in modification of blue laccases by lignin
degradation products acting as efficient endogenous
redox mediators [91]. An important advantage of using
laccase-based oxidation systems containing low-
molecular-weight mediators (over LP or Mn-P) is that
it eliminates the need for the presence of peroxide in the
system [92].

BASIDIOMYCETES CAUSING BROWN 
(DESTRUCTIVE) ROT

These fungi selectively degrade the polysaccharide
moiety of wood without affecting lignin significantly.
They are the major participants in the natural turnover
of biomass, and their contribution to soil remediation in
coniferous woods is of prime importance [93]. On the
other hand, brown rot fungi affect wooden buildings
and stocked wood (deal in particular). Processes asso-
ciated with brown rot development are typical for
humification. The decayed wood contains high
amounts of humic and himatomelanic acids (in the case
of white rot, wood decay is associated with preferential
production of fulvic acids) [20].

Extracellular enzymes. Intracellular laccase plays a
significant role in humification processes associated
with wood decay caused by brown rot. The release of
the enzyme in the course of autolysis of aged hyphae
accounts for the slight decrease (of no more than 10%)
in the total content of lignin (the fungi involved are usu-
ally devoid of laccase and peroxidase activities) [94].
Nucleotide sequences homologous to laccase genes of
white rot fungi are present in the genomes of brown rot
fungi [52]. Certain fungal species causing brown rot
(Poria spp. and Tyromyces spp.) may have the capacity
for secondary metabolism of phenylalanine deamina-
tion products, which results in the formation of aro-
matic compounds (such as anisole and benzaldehyde)
[7]. However, the enzymes of secondary metabolism in
these fungi are not appropriate to ligninolysis.

Extracellular systems of brown rot fungi cannot
degrade ordered cellulose or oxidize phenolic com-
pounds. Their cultures contain cellobiohydrolase I. It is
possible that this enzyme is induced by lignified sub-
strates; an alternative explanation suggests that degra-
dation of ordered cellulose is effected by hydrolase,

rather than oxidase, systems [4]. The ability to hydro-
lyze soluble carboxymethylcellulose is documented for
extracellular enzymes of (a) brown rot fungi grown on
cellulose [95] and (b) certain other species, including
Lenzites (Gloeophillum) sepiaria [96, 97]. Xylanases,
mannanases, and mannosidases were isolated from the
brown rot fungus Tyromyces palustris [1].

Brown rot fungi of the family Coniophoraceae form
CDH [98, 99]; the formation of this enzyme by brown
rot fungi of other families grown on natural substrates
has been questioned [100].

Among other oxidoreductases, it is worth mention-
ing alcohol oxidase of Poria contigua [101], which dif-
fers from alcohol oxidases of white rot fungi, e.g., Poly-
porus obtusus. This enzyme may be capable of forming
H2O2, which is needed for oxidative degradation; the
extent to which such enzymes are widespread in brown
rot fungi remains to be determined.

A new glyoxalate dehydrogenase has been isolated
from a cell-free extract of Tyromyces palustris; this
enzyme catalyzes dehydration of glyoxalate to oxalate
in the presence of cytochrome c. Being a flavohemo-
protein (as CDH), glyoxylate dehydrogenase uses FAD
as a flavine cofactor (not FMN). The enzyme is of inter-
est because oxalate may be involved in cellulose degra-
dation reactions caused by brown rot fungi.

Nonenzymatic mechanisms used by brown rot fungi.
In 1974, Koenigs [102] hypothesized that, unlike soft
rot and white rot fungi, causative agents of destructive
rot may use an alternative mechanism, not involving
enzymes, which is based on free-radical reactions initi-
ated by hydroxyl radicals. The latter are formed in the
course of H2O2 reduction by Fe2+:

Fe2+ + H2O2  Fe3+ + H  + HO–.

Destructive rot fungi are believed to cause wood decay
primarily by this mechanism [58, 76, 99, 103–105].

The proposed mechanism of formation of hydroxyl
radicals in the brown rot fungus Coniophora puteana
[99] involves the following stages: (a) Fe3+ reduction by
CDH [98] in the vicinity of the hyphae or at the cellular
surface, (b) diffusion of Fe2+ thus formed into the depth
of the wall of the plant cell, (c) formation of the com-
plex Fe2+–oxalate, and (d) formation of hydroxyl radi-
cals at a safe distance from the fungal hyphae.

CDH, which has a high affinity for cellulose, may
itself act at a distance from the hyphae, i.e., in the depth
of cellulose lamellae, where its major substrate, cello-
biose, is formed. Thus, Fe2+ recovery in the Fenton
reaction, involving cellobiose (formed by cellulases)
and CDH, may also take place in this species of
xylotrophs.

The ability to synthesize CDH during growth on
natural substrates has not been demonstrated for the
majority of brown rot fungi [100]. Most likely, the pres-
ence of Fe2+ and dissolved oxygen alone is sufficient for

O
.
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generating hydroxyl radicals [106]. H2O2 may be
formed via Fe2+ autoxidation [99]:

2Fe2+ + é2 + 2ç2é = 2Fe3+ + 2ç2é2.

Nonenzymatic generation of hydroxyl radicals may
also occur in the absence of iron ions. One of the mech-
anisms involves quinines, which replace metal ions
[107, 108] (Fig. 3).

The brown rot fungus Gloeophyllum trabeum was
shown to excrete 4,5-dimethoxy-1,2-catechol and 2,5-
dimethoxy-1,4-benzoquinone when grown in the dark on
a mineral medium supplemented with glucose [109].
These fungal compounds may serve as mediators in the
Fenton reaction. Other aromatic metabolites formed by
the fungus under such conditions include benzoate, eth-
ylbenzene, and methyl phenylacetate.

SOIL MYCELIAL FUNGI CAUSING SOFT ROT

Wood softening is the main feature of decay caused
by soft rot fungi. Causative agents of soft rot are largely
represented by ascomycetous and imperfect fungi
(Chaetomium globosum, Ch. funiculosum, Stachybotris
atra, Trichoderma lignorum, and certain species of the
genera Stysanus, Trichurus, Orbicula, Bispora, Rhizoc-
tonia, Stemphylium, and Coniothyrium) [20]. The abso-

lute content of lignin in wood specimens affected by
these fungi is not changed significantly. Compared to
basidiomycetes, soft rot fungi are not as adapted to
degrading lignin. Nevertheless, they are capable of miner-
alizing synthetic lignins to carbon dioxide; moreover, the
transformation is not limited to methoxyls, but also
includes propanoid groups and even aromatic rings [1].

Soft rot fungi release a variety of hydrolases, which
cleave structural polysaccharides of cell walls, and oxi-
doreductases, which act both on carbohydrate compo-
nents of wood (glucose oxidases, galactose oxidases,
and CDHs) and phenolic compounds (peroxidases and
laccases).

Ascomycetes causing wood decay and humification.
Species belonging to the genera Trichoderma (Hypo-
crea), Humicola (Scytalidium), Chaetomium, Aspergil-
lus, Fusarium (Nectria), and Penicillium are the best-
known producers of cellulase–hemicellulase systems
[5]. Polysaccharide hydrolase systems of ascomycetes
and deuteromycetes have the same principal composi-
tion as those of the most specific xylotrophs causing
white rot.

Soft rot fungi and filamentous fungi causing humifi-
cation of wood debris form, in addition to glycosyl
hydrolases, a series of oxidoreductases. The ability to
excrete highly active sugar oxidases forming H2O2
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Fig. 2. Schematic representation of the putative mechanism of cyclic transformation of HAA in the presence of laccase and CDH
(after [65, 67, 68]). Each consecutive intermediate in HAA oxidation depicted in the figure is formed via elimination of one hydro-
gen from the immediate precursor [9].
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(such as glucose oxidase [110] and galactose oxidase
[111]) is widespread among micromycetes (representa-
tives of the genera Penicillium, Aspergillus, and Fusar-
ium). The ascomycete Geotrichum candidum, produc-
ing a cellulase–hemicellulase system [112], possesses
an active nonspecific peroxidase affecting a broad spec-
trum of aromatic pigments [113, 114].

The similarity of the two types of lignocellulose
degraders—specific (agaric and cap mushrooms, grow-
ing under natural conditions only on wood) and non-
specific (ascomycetous and imperfect fungi, causing
natural decay of various plant substrates)—is empha-
sized by the observation that they share the ability to
form laccases (polyphenol oxidases). It is believed that
the enzymes are involved in both humus formation and
ligninolysis [115–117]. Among the saprotrophic and
phytoparasitic micromycetes inducing humification
and forming laccases, of particular interest are Rhizoc-
tonia praticola [118, 119] and the thermophilic cellu-
lose degraders, the ascomycetes Chaetomium thermo-
phile and Myceliophthora (Sporotrichum) thermophila
[120, 121].

Unlike laccases of wood-decaying fungi, which
have acidic pH optima (4.0–5.0) for oxidation of phe-
nolic substrates, laccases of the majority of micro-
mycetes causing humification have more neutral pH
optima, e.g., 6.0 (in M. thermophila and C. thermo-
phile) or 7.0 (in Scytalidium thermophilum and Rhizoc-
tonia solani) [122]. In this respect, laccases of humifi-
cation inducers are more similar to the enzymes of
coprophilic wood-decaying species of the family Copr-
inaceae (Coprinus cinereus, Panaeolus sphinctrinus,
P. papilonaceus, and C. friesii), which have pH optima
in the range 6.5–7.5 [123], or wood enzymes involved
in lignin biosynthesis, such as laccase of the lacquer
tree, Rhus vernicifera (the pH optimum for syrin-
galdazine oxidation is 9.0) [122], than to laccases of
agaric and cap mushrooms.

The higher pH optima for polyphenol oxidation
characteristic of micromycetes inducing humification
(which are capable of decaying wood and other plant
substrates in soil or manure) are likely related to the
function of their laccases. It was shown that laccases
isolated from duff (either as individual enzymes or in
complex with humic substances) have pH optima in the
range 5.7–7.0 [124–126].

Neutral laccases of soft rot fungi may differ from
acid laccases of white rot fungi in several respects.
Enzymes of the former group polymerize low-molecu-
lar-weight phenols (as do laccases of wood proper) and
detoxify compounds of the natural wood defense sys-
tem (lignans, catechins, tannins, and stilbenes) by their
condensation (involving free carbohydrates and amino
acids), resulting in humification. Enzymes of the latter
group may play an important role in free-radical ligni-
nolysis. When the process of polymerization is facili-
tated (e.g., at near-neutral pH values), enzymes of
agaric mushrooms are less active, which proves their

predisposal to degradation, rather than condensation, of
substrates.

CDHs are found in Myceliophthora thermophila
[127], Neurospora sitophila [128], Chaetomium cellu-
lolyticum [129], and Humicola insolens [130]. The
availability of an external CDH in soft rot fungi sug-
gests that lignocellulose degradation in the presence
of Fe2+ and peroxide may involve a free-radical pro-
cess (in acidic medium). Of note, CDHs from soft rot
fungi (e.g., Humicola insolens) may have neutral pH
optima, which is not the case of the enzymes of basid-
iomycetes [13].

The formation of enzymes degrading lignocellulose
in mycelial fungi may be regulated by oxidative stress
in a manner similar to that described above for basidio-
mycetes. When grown on bagasse and sawdust under the
conditions of microaerophilic or aerobic–microaero-
philic fermentation, Trichocladium canadense, Geotri-
chum sp., Fusarium sp., and an unidentified basidio-
mycete formed the enzymes more readily at lower con-
centrations of oxygen. Of note, the soil mycelium fungus
Fusarium sp. was comparable in activity to the basid-
iomycete [131].

DEGRADATION OF XENOBIOTICS

Large-scale pollution of the biosphere with con-
densed polycyclic hydrocarbons and aromatic com-
pounds containing chlorine, sulfur, and nitrogen, which
is attendant to diverse industrial activities of human
beings (fuel utilization and energy production; paper
manufacturing; production and utilization of heat carri-
ers and dielectrics, hydraulic oils, diluents, plasticizers
and additives, synthetic dyes, and plant defense agents),
has resisted all countermeasures taken thus far [132].
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The danger associated with the accumulation of
poorly soluble and highly resistant pollutants, as well
as the need for economic recovery of the polluted terri-
tories, provides a strong incentive for identifying
microorganisms that would be capable of degrading the
above xenobiotics; wood-decaying fungi have also
been screened for such activities [133–135].

Xylotrophic basidiomycetes. White rot fungi, as well
as their extracellular enzymes involved in lignin trans-
formation (laccases, LPs, and Mn-Ps), are capable of
oxidizing and degrading in vitro a broad range of xeno-
biotics: polycyclic aromatic hydrocarbons (anthracene,
benz[a]pyrene, naphthalene, and phenanthrene) [136–
141]; polychlorinated phenols (2,4-di-, 2,4,5- and
2,4,6-tri-, and pentachlorophenols), chlorinated guaia-
col and benzoate derivatives, 2,4,6-trichlorophenoxyac-
etate, and chlorinated biphenyls [142–146]; lignosul-
fonates and chlorolignins, stable polymers (polyacrylate,
polyacrylamide, polycaprolactam, and polyethylene),
2,4-dichloroaniline, dioxins, explosives nitrates, dyes,
and pesticides (atrazine, DDT, chlordane, Lindane,
Toxaphene, and endosulfan) [147–149].

When grown in liquid media, white rot fungi Phan-
erochaete chrysosporium and Trametes versicolor con-
vert diketonitrile (a soil transformation product of the
herbicide isoxaflutol) to benzoate with yields of 24.6
and 15.1%, respectively, over a period of 12–15 days.
The synthesis of the oxidative enzymes of the fungi is
synchronous with the diketonitrile degradation. The
xenobiotic is also transformed by the purified laccase
(in the presence of ABTS at pH 3.0) [150].

The multiple-step process of pentachlorophenol
degradation by the fungus P. chrysosporium occurring
under the conditions of secondary metabolism caused
by nitrogen deficiency includes LP- or Mn-P-catalyzed
oxidative dehalogenation (with the formation of tetra-
chloro-1,4-benzoquinone) and several stages of reduc-
ing dehalogenation and hydroxylation. Unlike oxidative
dehalogenation, which occurs only during secondary
metabolism, subsequent processes are characteristic of
both secondary and primary fungal metabolism. As a
result, tetrachloro-1,4-benzoquinone is degraded via
two parallel pathways, sharing an intermediate. In the
first pathway, it is reduced to tetrachlorohydroquinone,
which loses all four chlorine atoms in the course of sub-
sequent reduction, forming 1,4-hydroquinone. The lat-
ter is then hydroxylated, with the formation of 1,2,4-tri-
hydroxybenzene. The alternative pathway includes the
conversion of tetrachloro-1,4-benzoquinone (enzy-
matic or nonenzymatic) to 2,3,5-trichlorotrihydroxy-
benzene, which also loses chlorine atoms in the course
of subsequent reduction until 1,2,4-trihydroxybenzene,
the common aromatic end product of both pathways, is
formed. It is further metabolized to carbon dioxide via
cleavage of the aromatic cycle, which requires elimina-
tion of all five chlorine atoms [151].

Reductive dehalogenation of tetrachloro-1,4-hydro-
quinone (TCHQ), resulting in the formation of trichlo-

rohydroquinone, involves a membrane glutathione
transferase, which is highly specific for glutathione.
This enzyme forms a glutathione conjugate of TCHQ
(GS–TCHQ). At the second stage of the process, a cyto-
solic reductase converts GS–TCHQ to TCHQ in the
presence of reduced glutathione, cysteine, or dithio-
threitol. This pair of enzymes effects reductive dehalo-
genation of TCHQ and 2,6-dichlorohydroquinone,
intermediates of chlorophenol transformation by ligni-
nolytic fungi [152].

Quinone reduction is effected by 1,4-benzoquinone
reductase; in P. chrysosporium, this flavine enzyme is
either intracellular or membrane-associated. It cata-
lyzes NADH oxidation by 2,6-dimethoxy-1,4-benzo-
quinone with the formation of hydroquinones (stoichi-
ometry, 1 : 1). Quinones formed by autoxidation of the
unstable 1,2,4-trihydroxybenzene and 5-chloro-2,3,4-
trihydroxybenzene are also reduced by the enzyme
[153]. The enzyme reduces cation radicals formed in
the course of catalysis by LP or Mn-P, thereby protect-
ing the fungal cells from oxidative damage [154].

Similar to the process of ligninolysis, certain enzymes
synthesized under conditions of oxidative stress are
involved in degradation of organic xenobiotics. The white
rot fungus Funalia trogi and the yeast Kluyveromyces
marxianus respond to paraquat by an increase in the
activities of glutathione reductase and SOD; in contrast,
the formation of catalase is suppressed [155, 156].

The capacity of white rot fungi for degrading aro-
matic pesticides—diuron, methalaxyl, atrazine, and ter-
butylazine (Fig. 4)—is not correlated with their activity
in the Poly R-478 decoloration test (which is used as an
indicator of ligninolytic activity). On the other hand,
degradation rates of various herbicides are in agree-
ment with each other. Coriolus versicolor, Hypholoma
fasciculare, and Stereum hirsutum, which degrade
more than 86% of diuron, atrazine, and terbutylazine in
6 weeks, are the most active in this respect (of note, less
than 44% of methalaxyl is degraded under the same
conditions). When tested in the field (growth on an
organic substrate), C. versicolor and H. fasciculare
degraded 30% of chloropyriphos in 6 weeks; unexpect-
edly, S. hirsutum, which showed maximum activity
under laboratory conditions, was virtually inactive [157].

Extracellular CDH, membrane methyl transferases,
and cytochrome P-450 monooxygenase are also
involved in degradation of the most resistant xenobiot-
ics by white rot fungi. Degradation of atrazine by the
basidiomycete Pleurotus pulmonarius involves lipoxy-
genase, peroxidase, and cytochrome P-450 [158].
Mn2+, which activates these enzymes, stimulates atra-
zine transformation to N-dealkylated and propylhy-
droxylated metabolites. Conversely, antioxidants and
inhibitors of lipoxygenase and peroxidase (nordihy-
droguaiaretic acid) or cytochrome P-450 (piperonyl
butoxide) suppress atrazine transformation by the fungus.

Ligninolytic fungi degrade a variety of polyaro-
matic xenobiotics through the involvement of lipoper-
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oxide free radicals (generated by autoxidation of poly-
unsaturated fatty acids) [85, 86]. Reactions of degrada-
tion of polycyclic aromatic structures and other highly
resistant aromatic xenobiotics initiated by Mn-P pro-
ducer strains in the presence of Mn2+ and polyunsatu-
rated fatty acids (or derivatives thereof) appear to fol-
low the same mechanism [136, 159]. The culture of
P. chrysosporium and its Mn-P catalyze lipoperoxide
degradation of condensed aromatic compounds con-
taining three to six cycles. Polycyclic aromatic hydro-
carbons interacting with free radicals are the most sus-
ceptible to degradation [160]. Extracellular LPs of ligni-
nolytic basidiomycetes directly oxidize condensed
polycyclic aromatic hydrocarbons, whereas Mn-P
achieves this effect by inducing lipid peroxidation [161].

The ability of Mn-P to degrade xenobiotics via free-
radical intermediates is not limited to oxidation of poly-
unsaturated fatty acids. Other examples of mineralization
mediated by this enzyme include such stable xenobiotics
as pyrene, anthracene, benz[a]pyrene, benz[a]anthracene,
and phenanthrene [162]. In all these cases, reduced glu-
tathione, which forms thiyl radicals under the effect of
Mn-P, acts a mediator.

In the presence of an artificial mediator, 1-hydroxy-
benzotriazole, laccase induces the formation of linoleic
acid hydroperoxide and unsaturated lipids (Mn2+ and
H2O2 are not involved in this process). The system
degrades condensed aromatic xenobiotics, such as
phenanthrene; phananthrene-9,10-quinone and 2,2'-
diphenic acid are the major transformation products
[138]. Laccase of Coriolus versicolor dechlorinates
chlorophenols [6].

A highly efficient chlorophenol degrader is the
basidiomycete Panus tigrinus. This fungus, which
forms endogenous laccase mediators, and its extracel-
lular laccases eliminate up to 0.4 g/l di- and trichlo-
rophenols from culture medium or wastewater. Trichlo-
rophenol degradation by laccases involves the forma-
tion of dichlorocatechol (by ortho-dehalogenation) [6].

On the contrary, brown rot fungi may degrade chlo-
rophenols using nonenzymatic mechanisms of
hydroxyl radical formation, which involve quinone
intermediates [107]. Brown rot fungi Gloeophyllum
trabeum and G. striatum, which form neither laccases,
LPs, nor Mn-Ps, also degrade quinone-forming xenobi-
otics. Thus, degradation of pentachlorophenol and
2,4-dichlorophenol by these fungi follows the Fenton
mechanism, regardless of whether they are grown on
wheat straw or under conditions ruling out the involve-
ment of CDH, glucose oxidase, or like enzymes.
G. striatum causes oxidative decarboxylation and
hydroxylation of aromatic compounds [163]. Degrada-
tion of chlorophenols by G. striatum is most efficient in
mineral medium in the absence of other sources of car-
bon, nitrogen, and phosphate [143]. Degradation of 2,4-
dichlorophenol by G. striatum involves the formation
of 4-catechol and 3,5-dichlorocatechol intermediates,
whereas carbon dioxide is the end product; the same

results were obtained under the effect of the system
Fe2+ + H2O2 [164].

Soil fungi (including thermophiles of compost) that
cause humification of organic residues seem to be
involved in detoxification of xenobiotics in lands of
industrial and agricultural utilization [115, 165].

Soil yeast Lipomyces starkeyi grow well in media
containing 1,3,5-triazine or cyanuric acid as the source
of nitrogen. Simazine, atrazine, cyanazine, ametrine, and
prometrine are also assimilated by L. starkeyi, whereas
melamine and thiocyanuric acid inhibit the growth of the
yeast and decrease the size of its colonies [166].

Certain imperfect fungi are capable of deactivating
xenobiotics (via effects of intracellular hydroxylases)
[167, 168].
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(7) prometrine.
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A mixed culture of fungi isolated from the soil of a
metholachlor-polluted field degrades 50% of this xeno-
biotic in 3.5 days. The main active species in the culture
are Aspergillus flavus and A. terricola. The composition
of degradation products indicates that the xenobiotic is
subjected to hydrolytic dechlorination, N-dealkylation,
and amide bond cleavage. Among the new products iden-
tified are 6-methyl-2-ethylacetanilide and 6-methyl-2-
ethylanilide. The mixed culture degrades 99% of meth-
olachlor at initial concentrations of up to 100 mg/l [169].

Species introduced into soil for the purpose of its
remediation include pesticide degrader fungi known to
be predominant in the rhizosphere, which are isolated
under laboratory conditions. The fungus Trichoderma
harzianum 2023, used as a biocontrol agent, is resistant
to many pesticides; when grown in liquid culture, this
species actively transforms pentachlorophenol into
pentachloroanisole [170].

Fungi isolated from pesticide-polluted soils
(263 cultures) or soils (in a suburb of Annaba, Algeria)
not subjected to pollution (288 cultures) were com-
pared for the ability to degrade metamitron, metribuzin,
linuron, and metobromuron. The species encountered
most frequently—Aspergillus fumigatus, A. niger,
A. terreus, Absidia corymbifera, and Rhizopus
microsporus var. microsporus—were insensitive to the
pesticides. Herbicides inhibited the fungi of the genus
Trichoderma, but stimulated those of the genera
Absidia and Fusarium. Out of the 53 species tested in
liquid media, only the well-known laccase producer
Botrytis cinerea isolated from pollutant-free soils, as
well as Sordaria superba and Absidia fusca isolated
from polluted soils, eliminated more than 50% of
metribuzin in 5 days. Metamitron was the most degra-
dation-resistant compound. Analysis of 21 fungal spe-
cies demonstrated that only Alternaria solani (pollut-
ant-free soils), Drechsleria australiensis (both types of
soils), and Absidia fusca (polluted soils) eliminated 10–
16% of this compound. Out of the 12 species grown on
linuron, 7 were incapable of degrading this pollutant.
Two strains of Sordaria macrospora eliminated 22–
25% of the compound, whereas Botrytis cinerea exhib-
ited the capacity for near-complete assimilation. Out of
the 31 species tested for the ability to eliminate meto-
bromuron, only one fungus (the phytopathogen Botry-
tis cinerea from either type of soils) was capable of
complete assimilation; Rhizopus oryzae and Absidia
fusca isolated from polluted soils eliminated 40 and
47% of the compound, respectively. No clear-cut corre-
lation could be established between the degree of soil
pollution and the ability of the fungi to degrade the pes-
ticides. Absidia fusca and Botrytis cinerea, capable of
degrading three out of the four compounds tested,
showed significant promise as agents for soil remedia-
tion [171].

The number and composition of microorganisms in
soils subjected to large-scale treatment with dioxin-
containing defoliants during the Vietnam War were

analyzed in detail in [172]. At present, the main compo-
nents of Agent Orange—2,4-dichlorophenoxyacetic
acid and 2,4,5-trichlorophenoxyacetic acid—are no
longer found in the soils; nevertheless, technical admix-
tures, such as the highly resistant hepta- and octachlo-
robenzodioxins, are still orders of magnitude in excess
of the maximum permissible concentrations. Changes
in the composition of populations of soil microorgan-
isms were studied by analyzing specimens of soil dif-
fering in the levels of dioxin pollution. Soils containing
5–7 ng/kg dioxins were characterized by reduced num-
bers of fungi (actinomycetes were less sensitive in this
respect). At average pollution levels of 10–250 ng/kg,
the diversity of fungal species was strongly affected,
although the number of fungi in the population did not
change; this observation suggests that only the resistant
species were selected. In heavily polluted specimens
(1500–100000 ng/kg), all groups of microorganisms
were suppressed, to the point of complete elimination
of the fungal component of the microbiota.

Humic and fulvic acids play the greatest role in
immobilization of phenolic xenobiotics in soil [173].
Binding of these agents to a xenobiotic or its transfor-
mation product has the same nature as the process of
humification. This detoxification mechanism was first
demonstrated in the phytopathogenic fungus Rhizocto-
nia praticola, a representative of fungi with sterile
mycelia and an active laccase producer. The ability of
oxidoreductases oxidizing phenolic substrates to detox-
ify aromatic compounds (through their condensation
with humic substances, fulvic acids, or low-molecular-
weight precursors thereof) has been demonstrated for
2,4-dichlorophenol, pentachlorophenol [174, 175], and
chloroanilines [176]. Even those xenobiotics that are
not the substrates of these enzymes undergo transfor-
mation in the presence of certain cosubstrates. Thus,
cyprodinil, a broad-spectrum fungicide resistant to
transformation by laccase, was efficiently bound to nat-
ural phenolic mediators (particularly, phenols carrying
one or two methoxy substituents). Labeled cyprodinil
was preferentially detected in dark brown polymeriza-
tion products precipitated from the reaction medium,
which appeared as cross-linked oligomers of cyprodinil
and the mediator. Humic acid salts either inhibited the
elimination of the fungicide (in the presence of the most
active mediators) or stimulated its binding and elimina-
tion (in the presence of less active mediators or in medi-
ator-free media) [177]. Peroxidase exerts similar
effects: on addition of H2O2, the enzyme polymerizes phe-
nol, ortho-cresol, and 2,4-dichlorophenol, incorporating
these xenobiotics into the fraction of humic and fulvic
acids, as well as into the insoluble soil humus [178].

Our data [179, 180] demonstrate that atrazine con-
sumption by soil fungi is not correlated with their lac-
case activity. The laccase-free nonsporulating mycelial
fungus INBI 2-26(–), isolated from dioxin-containing
soils of South Vietnam and being a CDH producer,
exhibits the same capacity for atrazine consumption as
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the laccase producer INBI 2-26(+), isolated from the
same soils.

Similar to dioxins, the ability of atrazine to decrease
the number of soil microorganisms is more pronounced
in the case of fungi as compared to bacteria (PCR data
on the ratio of 18- and 16S rDNA in soil specimens)
[182]. Thus, only the most resistant forms of fungi sur-
vive in the presence of the herbicide. Of note, the rela-
tive contributions of bacteria and fungi to atrazine deg-
radation are approximately equal to each other (results
of experiments in which each population was selec-
tively suppressed by specific inhibitors) [183].

The mechanisms of atrazine and dioxin degradation
by fungi were largely studied in wood-decaying basid-
iomycetes of the genera Phanerochaete, Pleurotus,
Coriolus, Cerrena, Trappea, and Phlebia, each of
which produces a set of oxidases adapted to degrada-
tion of phenylpropanoid structures of lignin in an acidic
medium [180, 184–188]. Data on the degradation of
atrazine and related triazine herbicides by soil mycelial
fungi are scarce. An unidentified ligninolytic fungus
has been isolated from dioxin-containing soils that is
capable of degrading dioxin and its analogues, dibenzo-
furans, and is at least as efficient in this respect as the
white rot fungi P. chrysosporium, Pleurotus florida, and
Dichomitus squalens [189]. The list of atrazine
degrader cultures described by us [181] can be supple-
mented by a single case reported in the literature. The
soil fungus Penicillium steckii assimilates simazine, an
atrazine-related compound, although the underlying
mechanism remains to be elucidated [190]. Atrazine
consumption by the fungi Emericella nidulans and
Penicillium miczynskii is believed to involve irrevers-
ible adsorption of the herbicide by mycelia [191]. In

our experiments, however, no appreciable mycelial
adsorption of atrazine by the cultures studied was
observed. It was noted that atrazine detoxification by a
consortium of soil fungi is achieved via the formation
of its dealkylated derivatives, without cleavage of the
triazine ring [192]. It is worth mentioning in this con-
nection that atrazine degradation by the system Fe2+ +
H2O2 also involves dealkylation [193, 194] (Fig. 5). A
mechanism of biodegradation described in the litera-
ture involves generation of hydroxyl radicals in the
Fenton reaction. This mechanism is believed to operate
in basidiomycetes, such as the brown rot fungus Conio-
phora puteana [99]. Similar to the strain 2-26(–), this
fungus is a CDH producer. It remains for further
research, however, to explore the possibility of CDH
involvement in atrazine degradation.

In conclusion, we have analyzed recent reports on
the transformation of natural and synthetic aromatic
compounds by basidiomycetes and soil mycelial fungi.
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